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ABSTRACT Proteins and other macromolecules are believed to hinder molecular lateral diffusion in cellular membranes. We
have constructed a well-characterized model system to better understand how obstacles in lipid bilayers obstruct diffusion.
Fluorescence recovery after photobleaching was used to measure the lateral diffusion coefficient in single supported bilayers
composed of mixtures of 1,2-dilauroylphosphotidylcholine (DLPC) and 1,2-distearoylphosphotidylcholine (DSPC). Because
these lipids are immiscible and phase separate at room temperature, a novel quenching technique allowed us to construct
fluid DLPC bilayers containing small disk-shaped gel-phase DSPC domains that acted as obstacles to lateral diffusion. Our
experimental setup enabled us to analyze the same samples with atomic force microscopy and exactly characterize the size,
shape, and number of gel-phase domains before measuring the obstacle-dependent diffusion coefficient. Lateral obstructed
diffusion was found to be dependent on obstacle area fraction, size, and geometry. Analysis of our results using a free area
diffusion model shows the possibility of unexpected long-range ordering of fluid-phase lipids around the gel-phase obstacles.
This lipid ordering has implications for lipid-mediated protein interactions in cellular membranes.

INTRODUCTION

Cell membrane structure has gone through several refine-
ments since 1925 when Gorter and Grendel (1925) first
proposed lipid bilayers. The bilayer structure was seen as
serving as a barrier to molecular transport from the medium
containing a cell into the cell interior. The largest paradigm
shift occurred in the 1970s when biologists began to con-
sider the biological importance of lateral diffusion and the
possibility of molecular interactions within the plane of the
membrane itself. This was formally expressed in the con-
ceptual fluid mosaic model of Singer and Nicholsen (1972)
that envisioned a cell membrane as a two-dimensional ori-
ented viscous solution of integral proteins uniformly dis-
tributed in a homogeneous fluid matrix. More recent studies
have shown that cell membranes are not the homogeneous
structures that were originally predicted. It now seems ob-
vious that neither lipids nor proteins are randomly distrib-
uted within the plane of the membrane (Abney and Scalet-
tar, 1995; Brown and London, 2000; Bussell et al., 1994;
Gheber and Edidin, 1999; Harroun et al., 1999; Johnson et
al., 1996; Simson et al., 1998). This nonrandom distribution
appears to be important for cell function (Ho et al., 1992;
Ladha, 1998) and so a greater understanding of how mole-
cules diffuse in inhomogeneous membranes is necessary to
understand, for example, membrane pathologies that result
in cell dysfunction (Ditaranto et al., 2001; Eze, 1992; Owen,
1990).

The fundamental question concerning lateral diffusion in
cell membranes is why diffusion coefficients for both pro-
tein and lipid diffusion in cell membranes are often orders
of magnitude slower than diffusion coefficients measured in
model systems (Webb et al., 1981; Cherry et al., 1998;
Picard et al., 1998). Much has been learned recently about
retardation of diffusion in cell membranes, and it has be-
come known that in many cells, confinement zones of up to
several microns in diameter restrict diffusion. The existence
of these zones has been attributed to diffusing particles
encounters with a membrane skeleton fence (Sako and
Kusumi, 1995) with relatively fast diffusion within the
fence but longer-range diffusion restricted by barriers be-
tween zones. Even within these zones, however, the fast
diffusion rates are slower than rates observed in pure lipid
bilayers, indicating that another mechanism must be playing
a role in the restriction of diffusion. Additionally, cells that
contain little or no cytoskeleton still display slower diffu-
sion in comparison with pure lipid bilayers (Kucik et al.,
1999). It has been proposed that proteins and lipid inhomo-
geneities embedded within cellular membranes also act as
obstacles to diffusion, and this is why lateral motion is
slower than predicted (Minton, 1989; Almeida et al.,
1992a). Another possibility is that rapid and repetitive tran-
sient binding and release from either slow-moving or im-
mobile structures results in the diffusional decrease (Abney
et al., 1989; Garver et al., 1997). Most likely, it is a com-
bination of these mechanisms and as yet undiscovered
mechanisms that are truly responsible. Fully understanding
one of these proposed mechanisms, obstacle-mediated ob-
structed diffusion in the case of this study, will aid in
developing an understanding of what is truly responsible for
hindered diffusion in cellular membranes.
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The relationships between lateral molecular distribution
in membranes and lateral diffusion of lipids or proteins have
been investigated experimentally and theoretically by a
wide variety of techniques (Cherry et al., 1998; Feder et al.,
1996; Gheber and Edidin, 1999; Johnson et al., 1996; Mar-
tins and Melo, 2001; Ladha, 1998; Minton, 1989; Picard et
al., 1998). Among them Monte Carlo simulations have
provided the clearest conceptual view of how diffusion is
affected by the presence of obstacles (Pink et al., 1986;
Saxton, 1989; Scalettar and Abney, 1991). However, direct
comparison between simulation and experiment is difficult
because of assumptions made within the simulations that are
necessary for speed or convenience of programming. Other
theoretical approaches have included hydrodynamic (Bus-
sell et al., 1995; Dodd et al., 1995) and free-volume
(Schram et al., 1994; Tocanne et al., 1994; Almeida et al.,
1992b) theories. The former are suitable for analyzing pro-
tein diffusion but work poorly when modeling lipid diffu-
sion (Vaz et al., 1985). Experimental data support the idea
that diffusion of lipids follows the free-volume model,
mainly because lipid diffusion has been shown to be inde-
pendent of acyl chain length (Balcom and Petersen, 1993).
This is in disagreement with hydrodynamic theories that
include a strong diffusing particle-length-dependence term.
One likely free-volume model for accurately predicting how
obstacles should affect lipid diffusion was formalized by
Almeida et al. in 1992 (Almeida et al., 1992a). In this
model, Almeida et al. generalized the free-volume theory of
lateral diffusion to a heterogeneous membrane in which
immobile circular obstacles are assumed to be surrounded
by a few layers of more highly ordered fluid lipids (com-
pared with the bulk fluid) that serve to restrict diffusion.
This soft-core repulsive model supercedes the original hard-
core repulsive models and adds an additional parameter for
understanding how obstacles in membranes reduce diffu-
sion. The ordering of fluid lipids around integral membrane
proteins is now well established (Harroun et al., 1999;
Heller et al., 2000); however, although the Almeida model
establishes limits for the order parameter, adding this com-
ponent to the free-area models effectively creates a free
parameter that has been used to help fit experimental data
(Almeida et al., 1992a; Schram et al., 1994). Because of our
unique experimental system we are able to unequivocally
determine all parameters in this free-area model, including
the order parameter, and thereby determine the suitability of
this model for predicting diffusive behavior.

To construct an obstructed bilayer system, we used a
mixture of two lipids that are immiscible at room tempera-
ture. It has previously been shown that gel-phase domains
can act as obstacles to diffusion (Almeida et al., 1992a);
however, these studies used calorimetry to estimate the
amount, size, shape, and areas of the coexisting solid and
fluid phases and were unable to determine whether the
gel-phase domains were mobile in the fluid bilayer or im-
mobile. Monte Carlo simulations have demonstrated that

mobile obstacles restrict diffusion quite differently than
immobile ones (Saxton, 1990). Here, we present direct
atomic force microscopy (AFM) measurements of immobile
gel domain sizes, shapes, and area fractions in phase-sepa-
rated bilayers and show how the rate of diffusion in these
bilayers is decreased by the presence of these gel-phase
domains. We would like to emphasize that we do not claim
that restriction of diffusion in actual cellular membranes is
caused by the presence of gel-phase lipid. In our model
system the gel-phase domains take the place of actual ob-
stacles in cellular membranes, most likely proteins and
protein aggregates, and/or regions of increased lipid order
such as the hypothesized lipid rafts. However, it is expected
that in membranes that contain proteins, additional protein-
protein and protein-lipid interactions may prevent the direct
application of simple diffusion models. We present the next
logical experimental step in understanding how obstacles
affect lateral diffusion in bilayers by investigating a simpli-
fied obstructed membrane that contains only lipids. Future
research will include proteins, both as obstacles and as the
diffusing species.

MATERIALS AND METHODS

Materials

1,2-Dilauroylphosphotidylcholine (DLPC), 1,2-distearolyphosphotidyl-
choline (DSPC), and 1-palmitoyl-2-[-6[{7-nitro-2–1,3-benzoxadiazol-4-yl}
amino]caproyl]-sn-glycero-3-phosphatidylcholine)) (DC14-NBD-PC) were
purchased in chloroform from Avanti Polar Lipids (Birmingham, AL) and
used without further purification. Small unilamellar vesicles were prepared
using tip sonication (Branson sonifier, model 250, Branson Ultrasonics,
Danbury, CT) of a 0.5 mg/ml lipid suspension. This method of resuspen-
sion and sonication is the same as described in McKiernan et al. (1997),
except that a final sonication was used to heat the vesicles to �70°C before
placing the vial containing the small unilamellar vesicle solution into a
70°C water bath. All water used in these experiments was purified in a
Barnstead Nanopure System (Barnstead Thermolyne, Dubuque, IA), with
resistivity � 17.9 M� and pH 5.5.

Sample preparation

Vesicles were prepared from mixtures of DLPC/DSPC and contained a 1
mol % concentration of the fluorescent probe NBD-PC. Because this probe
prefers to partition into the fluid DLPC areas (Mesquita et al., 2000), as we
increased the amount of DSPC in our samples we decreased the amount of
probe to maintain a 1 mol % concentration relative to the fluid phase. For
all samples, a 150-�l droplet of the 70°C vesicle solution was added to a
freshly cleaved room-temperature mica disk glued to a small metal puck as
described previously (McKiernan et al., 2000). This quenching process has
been shown to result in the formation of small lipid domains (Giocondi et
al., 2001). The vesicle droplet was allowed to incubate on the mica disk for
30 min and then rinsed 10 times with purified water with a final liquid
volume of �200 �l. The sample was incubated for an additional 120 min
to ensure that phase separation of the two lipids was complete before
acquiring data.

AFM imaging

Samples were imaged with a Digital Instruments NanoScope IIIa (Santa
Barbara, CA) in contact mode with either a J or E scan head. Sharpened,
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coated AFM microlevers, model MSCT-AUHW (Park Scientific, Sunny-
vale, CA) with nominal spring constants between 0.01 and 0.06 N/m were
used for all scans. Hydration of the samples during scanning was main-
tained using Digital Instruments AFM tapping mode fluid cell, model
MMTFC. Force scans were performed before imaging, and set points and
scan rates were established in such a way as to minimize the force between
the AFM tip and the sample. Usually, the set points ranged between 0.1 and
0.25 V with scan rates typically between 5 and 8 Hz. After imaging, the
sample was removed from the AFM sample stage and placed in a small
petri dish filled with purified water. Hydration of the bilayer was main-
tained at all times during the transfer of the sample. The petri dish
containing the sample was then moved into the fluorescence recovery after
photobleaching (FRAP) apparatus for diffusion measurements. We used
the public domain software package Imagetool (University of Texas Health
Science Center, San Antonio, TX), which can detect and measure physical
parameters of the height images produced from the Digital Instruments
AFM software, to analyze the size, shape, and area fraction of the solid-
phase domains in our samples.

FRAP

FRAP experiments were carried out on a modified Nikon Eclipse 400
fluorescence microscope (Nikon, Melville NY). A 100-W xenon lamp was
used as the fluorescence source. The full spectrum output of the lamp was
sent through an infrared filter (Edmund Scientific, Barrington, NJ), through
an iris that allows control of the size of the bleached area, and through a
�60 water immersion objective that had been focused onto the fluores-
cently labeled bilayer. The bleach spot size could be varied between �20
and 200 �m in diameter, although most measurements were carried out at
a bleach spot diameter of 60 �m. The bleaching time was always less than
10% of the half-time to full recovery to fulfill the mathematical require-
ment of an infinite reservoir of fluorescent probe molecules (this is nec-
essary to apply the fitting equation described below). After bleaching, the
lamp output was attenuated �400 with neutral density filters and sent
through a filter that allows excitation of the NBD-PC molecule at a
wavelength of 488 nm. The fluorescence emission of the sample was
collected by the �60 water immersion objective, sent through a filter that
eliminates the excitation light, and collected by a �20 objective that
focuses the filtered light onto a 100-�m pinhole (Edmund Scientific,
Barrington, NJ). The spatially filtered light was then collected into a �50
extra long working distance objective (Nikon) and finally focused onto the
200-�m2 active area of a Perkin-Elmer Avalanche photo diode (APD;
Perkin-Elmer, Wellesley, MA). The APD emits one 2.5-V TTL pulse for
every �104 photons that are detected. The pulses were counted by a
Nanonics photon counter (Nanonics Ltd. Malcha, Jerusalem, Israel) and
binned by a Perkin-Elmer lock-in amplifier (Perkin-Elmer). The signals
were typically binned at 20 ms for the shorter recovery times and 500 ms
for the longer recoveries. The APD signal was sent over a serial line into
a personal computer and collected in an Excel spreadsheet where fluores-
cent intensity was graphed versus time to generate a recovery curve. The
diffusion coefficient of the sample was measured by fitting the recovery
curve with a solution to the differential equation for lateral transport of a
molecule by diffusion (Axelrod et al., 1976), by the method of Soumpasis
(1983). The instrument was calibrated and the fits verified with a mixture
of PBS buffer and glycerol containing fluorescent fluorescein probe mol-
ecules (Periasamy and Verkman, 1998). Microliter solution volumes of
these calibration mixtures were sandwiched between two glass coverslips
to produce aqueous layers of uniform thickness, �5 �m. The diffusion
coefficients for these samples could be directly calculated from the vis-
cosity of the mixture and were known from previous experiments (Peria-
samy and Verkman, 1998). For each lipid mixture, FRAP recoveries were
run without a bleaching pulse to determine whether any photobleaching
was occurring because of the attenuated observation beam. For all obser-
vation times below �2000 s, bleaching from the observation light was less
than 10% of the total recovery values. An additional control was suggested

by Dan Axelrod (Univ. of Michigan, private communication, 2001)
whereby the time to half-recovery for a fully fluid DLPC bilayer was
measured with four increasing bleach spot sizes, 20, 50, 80, and 100 �m in
diameter. If recovery of the bleach spot was determined only by diffusion
of the probe molecules, a linear relationship between bleach spot size and
recovery times should be observed, with the time to half-recovery going to
zero at an extrapolated bleach spot size of zero. If other factors were
leading to recovery of probe fluorescence, such as auto recovery of the
probe molecule, a nonzero half-time to recovery will be seen. Measure-
ments made on a DLPC bilayer containing 1 mol % NBD-PC showed that
a small number of probe molecules were recovering spontaneously leading
to an error of ��0.03 in our measurements. This error has been added as
y-axis error bars in all graphs showing diffusion coefficients.

RESULTS

General AFM results

Fig. 1 A shows a subtracted height/deflection (used to show
greater contrast between phases) image of a supported bi-
layer formed through quenched vesicle fusion, containing a
mixture of DLPC/DSPC and 1 mol % NBD-PC relative to

FIGURE 1 (A) A 900 � 900-nm AFM subtracted height-deflection
image (chosen because it displays high contrast between the phases) of a
mica-supported DLPC/DSPC bilayer containing 1 mol % NBD-PC relative
to the fluid phase. Lighter colors denote higher areas. This sample was
quenched from 70°C to 25°C, resulting in the formation of disk-shaped
DSPC domains surrounded by a fluid DLPC bilayer. (B) AFM section
analysis showing the �1.8-nm height difference between the two phases.
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the fluid phase. The heated vesicles were deposited on a
cooled mica substrate and thermal quenching from 70°C to
25°C resulted in phase separation of the solid lipid from the
fluid lipid. The image illustrates how bilayers prepared in
this manner contain relatively centrosymmetric DSPC do-
mains extending from the DLPC matrix with a measured
height difference of �1.8 nm between the phases (Fig. 1 B).
The domains are roughly monodispersed in size with the
majority ranging between 40 and 70 nm in radius. Estimat-
ing an area of 45 Å2 for an individual DSPC molecule
suggests that each domain contains approximately between
105 and 106 lipid molecules. The DLPC/DSPC bilayers
showed no defects or holes; however, a pure DSPC bilayer
showed many defects that were �5.8 nm deep (Fig. 2).
Using this measurement as the height of the gel-phase lipid,
we can calculate the thickness of the fluid phase by sub-
tracting the 1.8-nm height difference between the phases
from the 5.8-nm height of the gel-phase bilayer alone. This
results in a measurement of 4.0 nm for the thickness of the
fluid phase. Small-angle neutron scattering experiments

have shown that a DLPC bilayer should be �3.6 nm thick
and a DSPC bilayer �4.4 nm thick (Balgavy et al., 2001).
The discrepancy between the small-angle neutron scattering
data and our own is probably due to the existence of an
�1-nm water layer between the substrate and the multi-
component bilayer. Subtracting the height of the water layer
from our measurements results in actual thicknesses of 3.0
and 4.7 nm for the DLPC and DSPC bilayer, respectively.
Although the thickness measurement of the more rigid
DSPC bilayer is most likely accurate, the fluid-phase DLPC
bilayer is probably being compressed by the AFM tip,
resulting in a decreased apparent thickness. In any case,
these values are consistent with earlier reported values
(Hollars and Dunn, 1998, 1997; McKiernan et al., 2000).
We can increase the number of domains without signifi-
cantly changing their size by increasing the proportion of
DSPC in our DLPC/DSPC vesicles. Fig. 3 shows three
AFM images with increasing numbers of domains and
therefore increasing area fractions of the solid phase.

We call this sample preparation technique quenched ves-
icle fusion to distinguish the process from standard vesicle
fusion techniques. In standard vesicle fusion, lipid vesicles
are added to a substrate, with both the lipids and the support
at the same temperature. In quenched vesicle fusion, vesi-
cles consisting of mixtures of lipids are heated until the
vesicle is a single-phase system. The solution of multi-lipid
single-phase vesicles is then added to a support that is
cooler than the vesicles. This results in the formation of a
two-phase supported bilayer with phase separation not at
equilibrium (Giocondi et al., 2001). By regulating the tem-
perature differential between the vesicles and the support,
the two-phase bilayer can be frozen at different points on
the way to an equilibrium phase separation.

Larger temperature differentials between our DLPC/
DSPC vesicles and the mica support (i.e., fast cooling rates)
result in the formation of smaller DSPC domains whereas
slower cooling rates lead to larger domains (Fig. 4), in
keeping with previously reported phase behavior in lipid
domains (McKiernan et al., 2000). Although a recent paper
in this journal showed that complete phase separation for
quenched DLPC/DSPC bilayers took place over time scales
of hours (de Almeida et al., 2002), the DSPC domains in our
supported bilayers did not change size or shape 30 min after
quenching and were stable for 3 days after formation. An
additional aspect of this stability was that the domains were
relatively immobile. By acquiring images over several days
we were able to detect a very slow mobility (�10–100
nm/h), but it was difficult to separate this effect from the
thermal drift of our instrument. In any event, the domains
were immobile over the time course of both our topographic
and diffusional measurements. This immobility is presum-
ably because the solid phase domains are too large to be
moved by the thermally excited fluid lipid molecules.

FIGURE 2 (A) A 5 � 5-�m AFM height image of a mica-supported
DSPC bilayer displaying many defects; (B) The defects allow us to mea-
sure the thickness of the DSPC bilayer, �5.8 nm. Assuming a 1-nm-thick
water layer between the substrate and the bilayer results in a bilayer
thickness of �4.8 nm.
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Size monodispersity and aggregation

Monte Carlo simulations have shown that obstacle size can
have a large effect on how much the obstacles are able to
hinder diffusion (Saxton, 1989, 1994, 1997). Because of this
we were interested in defining exactly what our domain size
range was and whether or not it was changing as we in-
creased the ratio of DSPC to DLPC. Acquiring multiple

FIGURE 3 AFM subtracted height-deflection images of mica-supported
DLPC/DSPC bilayers containing 1 mol % NBD-PC relative to the fluid
phase at increasing area fractions of DSPC. These samples were quenched

FIGURE 4 AFM subtracted height-deflection images of mica-supported
DLPC/DSPC bilayers containing 1 mol % NBD-PC relative to the fluid
phase. (A) A bilayer cooled from 70°C to 25°C; (B) A bilayer cooled from
�55°C to 25°C.

from 70°C to 25°C and contain �15% (A), 25% (B), and 50% (C)
gel-phase DSPC. Note that what appear to be very small domains are
actually unfused vesicles.
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images for each sample and analyzing the size distribution
allowed us to construct the histograms shown in Fig. 5. At
lower gel-phase concentrations the majority of the gel do-
mains range in size between 53 and 73 nm in radius and
make up 83% of the total gel-phase area. As the concentra-
tion of gel phase increases, the domains get slightly smaller,
ranging now from 41 to 61 nm and making up 74% of the
total gel-phase area at an area fraction of 50%. The decrease
in the total gel-phase area is attributed to aggregation of
domains at higher area fractions. The size range shift from

an average of 63 nm to an average of 51 nm is probably
because of domain growth being constrained by the pres-
ence of barriers to diffusion in the form of gel-phase do-
mains that are already present in the bilayer. Averaging the
highest-frequency domain sizes for every area fraction gives
an average radius of �60 nm for all samples measured.

Some aggregation is present at all area fractions but
accelerates once the area fraction increases beyond 50%. At
this point the smaller domains come close enough together
that they begin to aggregate and form clusters (Fig. 6). As

FIGURE 5 (A and B) Histograms of the size distri-
bution of domain radii at two different area fractions of
the solid phase; the numbers in the x axis refer to the
center of a range 20 nm wide. The ALL OTHERS bin
contains all other domain sizes not explicitly listed.
(C) The percentage of total gel-phase area contained
within the most frequently occurring domains for in-
creasing area fractions.
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we continue to increase the area fraction of gel-phase lipid,
aggregation continues and the fluid-phase areas decrease in
size until they are disconnected at an area fraction of �70%
(Fig. 7 A) and form separate pools of fluid-phase lipid.
Continuing to increase the relative proportion of DSPC to
DLPC results in the additional decrease in the size of the
DLPC pools. The area fraction of solid phase at which
disconnection of the fluid phase and consequent connection
of the solid phase occurs is known as the percolation thresh-
old (Lee and Torquato, 1990; Almeida et al., 1992a). We
can determine this point in our DLPC/DSPC bilayers by
assessing the total length of all fluid-phase areas within the
sample. The point at which the length of the longest fluid
path becomes smaller than the width of the image (defined
as 5 �m in our studies) is the percolation threshold. It can
be argued that we are assessing only the threshold at which
a 5-�m area becomes discontinuous; however, larger scans
as well as the FRAP data reported in the next section also
indicate that the fluid phase becomes discontinuous at an
area fraction of �70%. Increasing the area fraction of DSPC
past the percolation threshold resulted in an additional de-
crease of the fluid-phase areas (Fig. 7 B).

FRAP results

Fig. 8 shows some typical fluorescence recovery curves
acquired from bilayers consisting of mixtures of DLPC and
DSPC. When the bilayer consists solely of DLPC (Fig. 8 A),
recovery is fast and complete. As the bilayer contains in-
creasing amounts of gel-phase DSPC, and thus higher area
fractions of the solid phase, diffusion becomes increasingly
hindered. At high concentrations of DSPC, above area frac-
tions of �60% solid phase, diffusion is highly restricted and
fluorescence recovery does not go to completion. This in-

dicates that many of the fluid areas are already disconnected
and therefore inaccessible to replenishment by unbleached
probe molecules. Fluorescence recovery is abolished at an
area fraction of �70% solid-phase lipid, in agreement with
the AFM data, implying that the fluid phase has become
disconnected from the solid phase and the percolation
threshold has been reached. Fig. 8 B shows a typical nor-
malized recovery curve and an analytical fit of the recovery
equation to the curve. Table 1 shows diffusion coefficients
for supported lipid bilayers containing increasing ratios of
DLPC/DSPC determined by fitting the analytical equation
to our recovery data. These values are within the range of
1–10 �m2/s seen in other bilayer systems (Periasamy and
Verkman, 1998; O’Toole et al., 1999; Schwille et al., 1999;
Korlach et al., 1999).

We were also interested in how the size of the gel-phase
domains influenced diffusion. We analyzed diffusion in a
variety of samples that displayed the same area fraction of
solid-phase lipid but contained different size domains. We
are able to control the final size of our gel-phase domains by
controlling the quenching rate, and so we could measure
diffusion in bilayers containing obstacles with radii ranging
between 40 and 130 nm. At a constant area fraction of 33%,
smaller obstacles were more efficient than larger obstacles
at hindering diffusion (Fig. 9). This effect has been reported
from Monte Carlo simulations of diffusion as well as in
protein aggregation experiments (Schram et al., 1994; Sax-
ton, 1989). According to our data, this effect decreases with
increasing obstacle size and becomes fairly constant when
the obstacle radii increase above �100 nm. Heating a pre-
viously phase-separated bilayer to 37°C and cooling very
slowly to room temperature caused the many small gel-
phase domains to segregate into a small number of very
large domains (�2–3 �m) that maintained the same approx-

FIGURE 6 AFM subtracted height-
deflection image of a mica-supported
DLPC/DSPC bilayer at a DSPC area
fraction of �50%. The insert shows
aggregation and the formation of ex-
tended rather than compact domains.
These extended domains are more ef-
ficient than the compact disk-shaped
domains at restricting diffusion.
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imate gel-phase area fraction of the bilayer before heating.
Diffusion coefficients measured in this and similarly pre-
pared samples were very close to rates measured in pure
fluid bilayers, indicating that the large domains were unable
to obstruct diffusion.

DISCUSSION

Percolation

The connectivity of obstructed systems is systematically
treated in percolation theory. At low obstacle concentrations

the obstacles form islands in the connected conducting
phase. As the concentration of islands is increased, they
eventually connect and separate the conducting phase to
form pools in a continuous obstructed phase, the point at
which this occurs is called the percolation threshold. Note
that in lipid bilayer percolation analysis, the threshold is
given in terms of the area fraction of obstacles; in the
physics literature, it is more often given in terms of the area
fraction of the conducting phase (Vaz, 1992). The percola-
tion threshold has been found to be geometry dependent,
with the area fraction of obstacles necessary to cut off the
conducting phase increasing with increasing compactness
(e.g., decreasing perimeter/area) of the obstacles. Thus,
overlapping disk-shaped obstacles, which can form irregu-
lar extended geometries, percolate at an area fraction of
0.676, whereas nonoverlapping disks percolate at an area
fraction of 0.82 (Berryman, 1983; Lee and Torquato, 1990).
These two geometries are of particular importance for our
system of quenched DLPC/DSPC. Correlating the AFM
data with the FRAP data indicates that the long-range dif-
fusion coefficient goes to zero at an area fraction of �0.70,
meaning that percolation is abolished at this area fraction, as
predicted by the AFM results alone. According to contin-
uum percolation theory (Lee and Torquato, 1990) this indi-
cates that our system is behaving like a percolating system
made of circular obstacles that can overlap. A more surpris-
ing result is shown in Fig. 10, where we have graphed the
relative diffusion coefficient �D� versus area fraction (C).
�D� is simply a ratio of the diffusion coefficient in a system
containing obstacles (D) to diffusion in a fully fluid system
(Do). What is immediately apparent is that two diffusion
regimes exist, characterized by two different slopes. This is
unexpected because most theoretical treatments of diffusion
in thin films predict a linear decrease in diffusion with
increasing area fraction of obstacles. Additional analysis of
the AFM data gives us the answer; at area fractions greater
than 50%, aggregation of the gel phase domains occurs and
leads to the formation of extended domains (Fig. 11). Ex-
tended obstacles have been shown to be more efficient than
compact obstacles in hindering diffusion because of con-
finement of the conducting phase (Schram et al., 1996;
Saxton, 1992).

An extrapolation of the �D� versus C data down to the x
axis for area fractions less than 0.5 shows that the percola-
tion threshold for this system would occur at an area frac-
tion of �0.8. This is quite close to the percolation threshold
for a system of nonoverlapping disks and is additional
evidence to support the idea that before aggregation the
obstacles are indeed restricting diffusion as disks.

Free-area models

Free-area lipid diffusion models attempt to determine a
rate-limiting step for diffusion and then model the simpli-
fied rate-limiting process analytically. This approach is

FIGURE 7 AFM subtracted height-deflection images of mica-supported
DLPC/DSPC bilayers at gel-phase area fractions higher than the percola-
tion threshold. (A) The DLPC/DSPC bilayer at the percolation threshold,
the point at which the fluid-phase lipid becomes discontinuous and is
confined in pools; (B) As the ratio of DSPC to DLPC increases, the
fluid-phase pools decrease in size.
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based on the successful use of free volume models to
describe solvent diffusion in three-dimensional fluids (Galla
and Sackmann, 1974; Grest and Cohen, 1980, 1983). In the
free-area lipid diffusion models, lipid motion is assumed to
take place in several steps. Brownian motion gives rise to
concentration fluctuations in the membrane leading to free
areas that are devoid of lipid. When such a free area is
available, an adjacent lipid can diffuse into it. This motion
is assumed to take place without hindrance and at a rate
dictated by Da. The rate of lipid diffusion is then determined
by the probability of finding a free area and the long-time
relative diffusion coefficient is expressed by:

D

Da
� exp	
�G/RT�, (1)

where Da is the rate with which a particle can diffuse into an
available free area, R is the gas constant, and �G is the work
required to create a target area free of other lipids. The
precise value of �G is determined by the nature of lipid-
lipid interactions and the geometry of the free areas that
permit diffusion. The effects of interactions and geometry

FIGURE 8 Typical FRAP recovery curves for mixtures of DLPC/DSPC containing 1 mol % NBD-PC quenched from 70°C to 25°C. (A) Normalized
recovery curves for DSPC/DLPC bilayers containing 0%, 26%, and 50% DSPC, respectively. The diffusion coefficients shown on each curve are relative
diffusion coefficients. A relative diffusion coefficient is a ratio of the diffusion coefficient measured in a system with obstacles (D) relative to the diffusion
coefficient in a bulk fluid system (D0; i.e., containing no obstacles). D0 was measured in a fully fluid bilayer containing only DLPC and 1 mol % NBD-PC
and is shown in A. (B) A typical least-squares fit to a calibration curve obtained using a sample of fluorescein in PBS buffer.

TABLE 1 Average diffusion coefficients for increasing area
fractions of gel-phase lipid in bilayers containing mixtures of
DLPC/DSPC and 1 mol % NBD-PC

Area fraction of
gel-phase lipid (C)*

Diffusion
coefficient (D)

Relative diffusion
coefficient (D/D0)

0 8.5 1
0.038 8.06 0.95
0.125 7.21 0.85
0.158 6.67 0.79
0.26 5.90 0.70
0.33 5.01 0.59
0.40 4.42 0.52
0.50 3.49 0.41
0.572 2.60 0.29
0.60 1.92 0.23
0.65 0.80 0.1
0.698 0.05 0.005

*These values are averages of at least six measurements from at least three
samples; in most cases the SD was less than 3% of the recovery value. The
exception is for area fractions above 55%, where the SD was below 7%.
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are not analytically determined but instead are often left as
a free parameter that can be determined upon comparison
with experiment. In most free-area models of lipid diffusion
some attempt is made to relate the free parameter to specific
properties of the membrane.

In 1992, Almeida et al. formalized a modified free-area
model for obstructed lipid diffusion (Almeida et al., 1992a).
In this model, nonpermeable areas of the membrane are
modeled as disks that act as obstacles to diffusion in the
plane of the bilayer. An additional modification is the ad-
dition of a soft-core repulsion between the diffusing lipids
and the obstacles in the form of a boundary layer of more
highly ordered fluid lipid molecules. The boundary layer
modifies the available free energy and is described by a
relative free-area function describing the change in free area
at a distance r from an obstacle:

u	r� � 1 � 	1 � u0�exp

	r � R�/��, (2)

where u0 is the relative free area at the boundary between
obstacle and fluid phase, r is the distance from the center of
the obstacle, R is the radius of the obstacle, and � is the
coherence length over which the influence of the obstacle
decays. The relative free-area functions decay as an expo-
nential, having values ranging between one (indicating dis-
order) in the bulk fluid to zero (order) at the obstacle
boundary. It is important to note that the parameter u0

reflects the strength of the interaction between the obstacle
and the fluid-phase molecule and should be between 0.0 and
0.5 (Almeida et al., 1992a). In the calculation of this model,
it is kept constant at an intermediate value of 0.25 but plays
only a small role in the final result. A local diffusion
coefficient D* can then be defined as:

D*	r� �
D

D0
� exp��as

af0

��1 �
1

u	r��� , (3)

FIGURE 9 Relative diffusion coef-
ficient �D� as a function of the domain
radius R at a constant gel-phase area
fraction of 33%. This graph demon-
strates the strong dependence of ob-
structed diffusion on the obstacle size,
with smaller domains being better at
hindering diffusion than larger ones.
The y-axis error bars are the same as
shown in Fig. 8; x-axis error bars rep-
resent the 20-nm distribution in obsta-
cle size shown in Fig. 5. The solid line
is the best least-squares fit of the free-
area model (at a constant value of C �
33% and graphed as �D� versus R
rather than �D� versus C) to the FRAP
recovery data and gives a � � 5.3 nm.
The other lines show the free-area
model graphed for � � 7 nm and 3
nm. Note that for domain radii larger
than �100 nm, the diffusion coeffi-
cient is no longer size dependent.

FIGURE 10 Relative diffusion coefficient �D� as a func-
tion of solid area fraction C in mixtures of DLPC/DSPC
containing 1 mol % of the fluorescent probe NBD-PC. Note
that although the measured diffusion coefficient goes to
zero at an area fraction of �0.70, a line drawn through the
data points before C � 0.50 shows that without aggrega-
tion, diffusion would go to zero at an area fraction of
�0.80. The area fraction C at which long-range diffusion is
abolished is the percolation threshold. The dashed line is
the best least-squares fit of the free-area model to the FRAP
data and gives a predicted value for R/� of 10.3. The data
points are averages of recoveries from at least six measure-
ments from three samples. The changing error shown in the
x-axis error bars is because of increasing difficulty in
accurately measuring the solid-phase area fraction at higher
DSPC to DLPC ratios.
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where D* is the ratio of the diffusion coefficient at a region
near an obstacle (D) relative to the diffusion coefficient in
the bulk fluid (D0), as/af0 is the ratio between the molecular
area of a lipid molecule in the gel phase and the area of a
lipid in the fluid phase.

To generate a long-range diffusion coefficient, the local
diffusion coefficient D* is integrated over all areas of the
bilayer to produce a relationship between the long-range
rate of diffusion �D�, the area fraction of the solid phase
obstacles (C), the size of the obstacles (R), and the coher-
ence length over which the influence of the obstacle on the
ordering of the fluid phase lipids is felt (�). This system of
integrals has been solved numerically (Almeida et al.,
1992a) and can be fit well by a second-order polynomial
that depends only on R/� and the area fraction of the
obstacles C.

Fig. 10 shows a best least-squares analysis fit of the
second-order polynomial to our data and gives a value for
R/� � 10.3. Because we know R, we could use this rela-
tionship to generate a � value; however, this would essen-
tially be using � as a free parameter to fit R. We can use
another tool to generate an independent � value to determine
whether the model is accurately predicting the radius of our
obstacles, namely, the relationship between obstacle size
and hindrance of diffusion as shown in Fig. 9. In Fig. 10, we
presented the model as �D� versus C for the value of R/�.
Now holding C constant, we graph �D� versus R for differ-
ent values of � and overlay our experimental �D� versus R
(Fig. 9). We find that a range of � values between 4.5 and
6.5 nm fits our data within error. Combining this result with

the previously determined R/� � 10.3 results in values of
�46–67 nm for the radius of the obstacles, a highly accu-
rate prediction compared with the actual average obstacle
radius of 60 nm. Unfortunately, theories based on thermo-
dynamic arguments claim that the coherence length � should
not be greater than �2.5 nm (Jahnig, 1981). This implies
that either the free-area model (inaccurately) predicts that
the gel-phase domains influence the bulk fluid over a longer
distance than predicted by theory or that our system is in
fact displaying an unexpected long-range order.

Ordering of fluid lipid around
membrane inclusions

Inclusions in bilayers lead to an increased ordering, or
higher density of packing, of the fluid-phase lipids around
an inclusion (Harroun et al., 1999; Heller et al., 2000; Dan
and Safran, 1995; Chou et al., 2001). Thermodynamic ar-
guments based solely on the phase transition temperature of
the lipid undergoing perturbation maintain that the coher-
ence length of the perturbation should range between 1.0
and 2.5 nm. However, it has been proposed that ordering of
fluid lipids because of an inclusion is at least partially
dependent on mechanical properties of the membrane such
as the spontaneous monolayer curvature (fluctuations) and
the bending stiffness (Dan et al., 1993, 1994). In these
theoretical treatments, inclusions in membranes (such as
proteins or gel-phase lipid domains) impose a thickness-
matching constraint on the bilayer. The distance over which
the membrane is perturbed by the inclusion can be obtained
by a minimization of the bilayer energy and has the form:

�	X�

�0
� AeBX, (4)

where X is the distance from the inclusion, �0 is the value
of the perturbation profile at X � 0, A is determined by the
boundary conditions, and B is set by the molecular model
describing the amphiphile making up the membrane. When
B is a real number the effects on the membrane decay
exponentially away from the inclusion; however, when B is
a complex number, the perturbation profile will oscillate.
The decay length can then extend longer than a simple
exponential resulting in an extra-long coherence length,
similar to what we see in our experimental system. Long-
range inclusion-induced perturbations have recently been
reported in giant unilamellar vesicles and were attributed to
just such a mechanism (Koltover et al., 1999). In this case
it was proposed that the oscillatory perturbation of the
membrane resulted in the interaction of latex beads chem-
ically adsorbed to the surface of the giant unilamellar ves-
icles. The interaction led to the aggregation of beads that
were initially separated by at least one full bead diameter
(�300–900 nm). It is possible that the long-range mem-
brane perturbations we see in our phase-separated system

FIGURE 11 AFM subtracted height-deflection image of mica-supported
DLPC/DSPC bilayers at a gel-phase area fraction near the percolation
threshold. The gel-phase domains have aggregated to form more elongated
domains.
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are also caused by local elastic deformations of the mem-
brane imposed by the presence of the gel-phase domains.
Additional studies determining, for example, how coher-
ence length scales with membrane properties such as bend-
ing stiffness, will be necessary to establish whether or not
membrane fluctuations are indeed responsible for the unex-
pectedly long coherence length.

CONCLUSIONS

Fluid lipid bilayers of DLPC containing gel-phase DSPC
domains were formed on mica and analyzed using AFM and
FRAP. The gel-phase domains are roughly centrosymmetric
and increase in number with increasing area fraction. Ag-
gregation of the gel-phase domains at higher area fractions
results in the disconnection of the fluid phase at an area
fraction of �70% (the percolation threshold; fluorescence
recovery is also abolished at this area fraction). We found
that lateral lipid diffusion is obstructed by the presence of
the gel-phase domains and is dependent on the size, shape,
and area fraction of the solid-phase domains. A free-area
model formalized by Almeida et al. resulted in accurate
predictions of the obstacle-dependent diffusion coefficient
and gel-phase domain size. The results show that smaller
obstacles are more efficient at blocking diffusion than larger
ones, in keeping with previously reported Monte Carlo
simulations, and that the size dependency is nullified for
obstacles that possess radii larger than 100 nm. Addition-
ally, diffusion decreases with decreasing compactness of
obstacles and with increasing area fraction, as predicted.
Fitting the free-area model to our data displayed an unex-
pected long-range membrane perturbation, previously seen
experimentally, but with a few noted exceptions, not yet
predicted theoretically.
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